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Abstract

Background: A foal undergoes considerable growth and development from birth to weaning, progressing from a milk-based diet to
complete herbivory. The symbiotic relationships between bacteria, archaea and fungi substantiate this energy demand by colonising the
hindgut and remaining flexible throughout the diet transitions. Methods: A total of 70 faecal samples were collected from 14 mares
and their foals across five studs in NSW as they aged from 0 to 5 months old. DNA was extracted from faecal samples and underwent
amplification and sequencing of the 16S rRNA gene V4 hypervariable region of archaea and bacteria, and the fungal internal transcribed
spacer-1 (ITS1) region. The fungal and bacterial community structure was assessed using Bray-Curtis dissimilarities, and the effect of age
at sampling and location was determined using PERMANOVA. Results: Age at sampling had a substantial effect on the foal’s archaeal
and bacterial faecal microbiota (PERMANOVA: R2 = 0.16; p < 0.01), while the effect of geographical location was smaller but still
significant (PERMANOVA: R2 = 0.07; p < 0.01). The overall abundance, diversity and richness of bacterial and archaeal populations
increased (p< 0.01) as foals aged, most noticeably rising between foals 1 to 2 and 2 to 3 months of age. The 15 most relatively abundant
fungal species were all environmental saprophytes, most strongly affected by geographical location (p< 0.01) rather than age at sampling.
There was an effect of location on Preussia Africana (p = 0.02) and a location × age interaction for fungal species Preussia persica (p
< 0.01), Acremonium furcatum (p = 0.04), and Podospora pseudocomata (p = 0.01). There was no effect of age, location, or location
× age interaction on the relative abundance of the remaining fungal species. Conclusions: The faecal microbiome appeared to stabilise
for most bacterial and archaeal genera by 2 to 3 months of age, resembling an adult mare. Bacterial genera isolated from faecal samples
belonged mainly to the Firmicutes phylum. Age at sampling more strongly affected the archaeal and bacterial faecal microbiota than
the effect of the geographical location where the horse was sampled. The lack of effect of location on microbe populations suggests that
although environmental factors may influence population structure, there are distinct differences at each stage of foal maturation.
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1. Introduction
The gastrointestinal tract (GIT) microbiome repre-

sents one of the most complex and rapidly evolving biotic
networks responsible for the inner workings of an animal
and its functional health. Heavily involved in immune func-
tion, gut-brain connectivity and behaviour, disturbance of
the equine microbiome has been linked to metabolic dis-
eases such as laminitis, colic, equine metabolic syndrome,
equine grass sickness and colitis [1–3]. The developmental
period from birth to weaning represents an interval of con-
siderable growth for horses, where foals progress from 10%
of their mature body weight at birth to 50% at weaning [4].
The energy demand to substantiate this growth is met by di-
etary transitions from changing milk compositions to com-
plete herbivory, supported by the microbial colonisation of
the GIT. The symbiosis between bacterial, archaeal, and
fungal populations maximises hindgut feed digestion, pro-
ducing by-products such as volatile fatty acids and metabo-

lites to maintain host health [5–8].

Studies of the equine GIT microbiome have identi-
fied a ‘core’ bacterial population consisting primarily of the
phyla Firmicutes, Bacteroidetes, Verrucomicrobia, Acti-
nobacteria, Proteobacteria and Spirochaetes [9–13]. How-
ever, the functional characteristics of many bacterial and
fungal taxa and their importance to the host are yet to be
proven in horses [9,11,13]. Rather, the bulk of the current
literature addresses only ruminant fermentation [14,15].
This is significantly misleading the industry’s current un-
derstanding of the equine microbiome, causing a lag in
disease treatment strategies, perception of microbial resis-
tance, and general appreciation of the microbiome’s role in
equine health. Further, comparing the findings of previous
investigations of the equine microbiome is compromised
by the considerable influence of diet, climate, and manage-
ment practices on the intestinal microbiota [16,17]. This
study is both a continued exploration of the equine micro-
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biome and a novel investigation into the establishment of
the mycobiome in neonate foals utilising high-throughput
sequencing technology.

While bacterial populations in the foal hindgut have
received considerable attention [16,18–20], fungal coloni-
sation remains relatively overlooked. Of the few studies re-
porting on the mycobiome, most only describe populations
in adult horses or pathogenic overgrowth in compromised
hosts [21–24]. Fungi are instrumental in substantiating diet
transitions by increasing the digestibility of foliage through
the production of cellulolytic and hemicellulolytic enzymes
[25,26]. A better understanding of the symbiotic relation-
ships between bacteria and fungi and the metabolites they
produce is needed to more effectively manage GIT condi-
tions and the effects that any perturbation, such as antibi-
otics, may have on the hosts’ internal microbiome [27–29].

The authors believe this is the first study to simultane-
ously characterise the colonisation of bacterial and fungal
species during a principal developmental period. It is hy-
pothesised that stages of gut maturation will be classifiable
based on the analyses of the faecal microbiota of foals from
birth to weaning. It is expected the bacterial colonisation
of the hindgut will follow ‘core microbiome’ patterns, like
those previously described, despite the effect of geograph-
ical location [16,18–20].

A more inclusive exploration of the temporal evolu-
tion of microbial diversity in foals and the interactions be-
tween bacteria and fungi will aid in bridging the knowledge
gap between hindgut fermenters and current ruminant and
monogastric-based research. This study will also contribute
to a better understanding of the progressive colonisation of
the equine microbiome, irrespective of environmental fac-
tors [11,30] and propose a similar notion for fungal popula-
tions that are overlooked in current literature.

2. Materials and Methods
2.1 Faecal Sample Collection

Faecal samples were collected from mares and foals
at five Thoroughbred breeding farms across New South
Wales, Australia, throughout one foaling season from late
2017 to early 2018. Farms were located in the CentralWest,
Hunter Valley and Southern Highlands regions. A total of
70 samples were collected. Fourteen foals were sampled
consecutively from their first month of life across a period
of 3–5 months. Each corresponding mare was also sampled
at the final foal sampling. Samples were collected from
three mares and three foals at Stud 1, Stud 2, Stud 3, and
Stud 4, with samples collected from twomare and foal pairs
at Stud 5. The number of samples per foal ranged from 3
to 6, sampling age ranging from 7–30 days for the 0–1 m
old category (n = 15), 36–58 days old for 1–2 m (n = 14),
66–83 days old for 2–3 m (n = 18), 92–121 days old for 3–4
m (n = 14), and 123–148 days old for the 4–5 m category
(n = 9).

Faeces were collected with as little disturbance to the
animal as possible, consistent with procedures approved
by the University of Sydney Animal Ethics Committee
(Project Number 1319). Targeted individuals were ob-
served in holding yards during morning musters or later in
the day within their allocated yards or paddocks until the
time of defecation. Faeces were collected from the ground
immediately after excretion, with the exception of 5 sam-
ples that were collected after 1–2 hours from smaller yards
only containing the one mare and foal pair. A minimum
of 10 g of faeces was collected with a gloved hand or a
clean plastic spoon sterilised with 70% (w/v) ethanol. The
exterior faecal layer was removed to ensure the samples
were collected from where the specimen was least likely to
have had contact with environmental contaminants. Sam-
ples were placed in sterile polypropylene falcon tubes or
containers (Sarstedt, Australia) and stored on ice temporar-
ily (approximately 1–3 hours) before transfer to a –20 °C
freezer, as commonly practised [18,31]. Details noted for
each sample included age, farm, pen or field location and
the clinical state of the animal.

2.2 Microbial Analysis and DNA Extraction

Samples were stored at –20 °C until placed in a freeze
dryer (72 h). Samples were then finely ground using a cof-
fee grinder and placed back into the freezer until extraction.
Genomic DNA was extracted from faecal samples through
repetitive bead beating, as described by Yu and Morrison
[32]. Briefly, the sample (∼300 mg) was weighed into a
sterile 2 mL microcentrifuge tube, inclusive of 300 mg of
0.5 mm and 0.1 mm silica beads. 1.1 mL InhibitEx buffer
was then added, and samples were subjected to bead beating
(10 min), incubation (2–8 ℃ for 5 min) and centrifugation
(1 min at 10,000 × g). The supernatant (600 µL) was then
transferred into a sterile 2 mL microcentrifuge tube, along
with 25 µL Proteinase-K. Samples were loaded into a QI-
Acube (Qiagen, Hilden, Germany) and DNA was extracted
using the DNeasy PowerSoil Pro Kit (Qiagen, Hilden, Ger-
many) and analysed for DNA yield through the use of a
NanoDrop (Thermo Scientific NanoDrop Products) as de-
scribed by Desjardins and Conklin [33]. The purity and in-
tegrity of DNA were quantified through methods described
by Henderson et al. [34].

2.3 Sequencing of the Archaeal and Bacterial 16S rRNA
Gene and Fungal ITS1 Region

The V4 hypervariable region of the archaeal and bac-
terial 16S rRNA gene and the internal transcribed spacer
1 (ITS1) (ITS1-5’-CTTGGTCATTTAGAGGAAGTAA;
ITS2-5’-GCTGCGTTCTTCATCGATGC-3’) region for
fungi were amplified and sequenced as previously de-
scribed [35] using an Illumina MiSeq instrument and v2
Reagent Kit with 500 cycles (Illumina, Inc., San Diego,
CA, USA). DADA2 v. 1.16.0 (https://www.bioconductor
.org/packages/release/bioc/manuals/dada2/man/dada2.pdf)

2

https://www.bioconductor.org/packages/release/bioc/manuals/dada2/man/dada2.pdf
https://www.bioconductor.org/packages/release/bioc/manuals/dada2/man/dada2.pdf
https://www.imrpress.com


[36] in R v. 4.0.3 was used to process and quality-filter
all sequences. Primer sequences were removed from all
reads using cutadapt v. 2.10 [37]. The forward and reverse
16S rRNA gene sequences were trimmed to 200 and 210
bp, respectively, merged with a minimum overlap of 100
bp, and chimeras removed. Taxonomy was assigned to
these remaining sequences, referred to here as operational
taxonomic units (OTUs) at 100% similarity, using the RDP
naïve Bayesian classifier and the SILVA SSU database
release 138 [38]. OTUs classified as chloroplasts and
mitochondria were removed prior to analyses. For the
ITS1 sequences, reads were not trimmed, and the UNITE
database release 8.2 [39] was used for assigning taxonomy.

The number of OTUs per sample, Shannon diversity
index, and the inverse Simpson’s diversity index were cal-
culated in R using vegan 2.5-7 and Phyloseq 1.34.0 [40].
The fungal and bacterial community structure was assessed
using Bray-Curtis dissimilarities, which were calculated
with vegan, and the effect of age at sampling and loca-
tion was determined using PERMANOVA (adonis2 func-
tion). The pairwise.adonis function in the pairwiseAdonis
package v. 0.4 [41] was used to compare each sampling
time. To account for unequal sequencing depth, the 16S
rRNA gene sequence samples were randomly subsampled
to 10,500 sequences per sample and the ITS1 sequence sam-
ples to 7500, prior to calculation of the diversity measures
and Bray-Curtis dissimilarities.

All 16S rRNA gene and ITS1 sequences were submit-
ted to the Sequence Read Archive under BioProject acces-
sion PRJNA699302.

3. Results
3.1 Sequencing Summary

A total of 70 faecal samples collected from 14 mares
and their foals across five NSW Thoroughbred breeding
farms (i.e., studs) in 2017 were analysed. The average num-
ber of 16S rRNA gene sequences per sample were 30,579±
3655 SEM with a total of 7751 OTUs. For the fungal taxa,
the average number of ITS1 region sequences per sample
was 35,837 ± 1972 SEM, within 1831 OTUs in total. The
relative abundances of the top 15 bacteria, archaea genera,
and top 15 fungal species within each age category are pre-
sented in Figs. 1,2, respectively.

3.2 Effect of Age and Geographic Location on the Equine
Faecal Archaeal and Bacterial Microbiota

The archaeal and bacterial faecal microbiota was most
strongly affected by age at sampling (PERMANOVA: R2 =
0.16; p < 0.01), and there was a smaller but significant ef-
fect of the geographical location where the horse was sam-
pled (PERMANOVA: R2 = 0.07; p < 0.01) (Fig. 3). Not
surprisingly, the faecal microbiota of the mares differed
the most from that of the 0 to 1 month old foals (PER-
MANOVA: R2 = 0.19; p < 0.01), then 1 to 2 m (PER-
MANOVA: R2 = 0.14; p < 0.01) and 2 to 3 m (PER-

MANOVA: R2 = 0.09; p < 0.01). However, once the foals
had reached 3 to 4 months of age, their faecal microbiota
was no longer different from the mares (p > 0.05). Table 1
presents the foal faecal archaeal and bacterial diversity (in-
verse Simpson’s and Shannon diversity indices) and rich-
ness (number of OTUs) over the duration of the study. The
overall archaeal and bacterial richness notably increased as
the foals aged, becoming similar to the mares by 2 to 3
months of age (Table 1). The percentage relative abundance
(PRA) and diversity, in terms of richness and uniformity, of
certain archaeal and bacterial genera also increased as the
foals aged, stabilising by 2 to 3 months post-partum.

The PRA of 15 of the most relatively abundant ar-
chaeal and bacterial genera are presented in Fig. 1. Age
had a significant effect on the PRA of the genera Akker-
mansia (p = 0.04), Blautia (p < 0.01), Christensenel-
laceae R-7 group (p < 0.01), Lachnospiraceae AC2044
and Lachnospiraceae XPB1014 groups (p < 0.01), Os-
cillospiraceae NK4A214, Oscillospiraceae UCG-002 and
OscillospiraceaeUCG-005 groups (p< 0.01), Phascolarc-
tobacterium (p = 0.01), andRikenellaceaeRC9 gut group (p
= 0.03). The PRA of Akkermansia and Blautia was higher
in foals at 0 to 1 m than all other sampling ages, includ-
ing the mares. The PRA of Christensenellaceae R-7 group
in foals at 1 to 2 m and 2 to 3 m was significantly higher
than the mares and foals at 0 to 1 m, respectively. The
PRA of Lachnospiraceae AC2044 and XPB1014 groups
was greatest in mares, while these genera were enriched in
2- to 3-month-old foals compared to animals at 1 to 2 m,
which was also greater than at 0 to 1 m. Oscillospiraceae
NK4A214 group, Oscillospiraceae UCG-002 and Oscil-
lospiraceae UCG-005 were more pronounced in 1 to 2 m
foals than mares and foals at all other ages. Foals at 0 to 1
m and mares had a higher PRA of Phascolarctobacterium
than those at 1 to 2 and 2 to 3 m. The PRA of Rikenellaceae
RC9 gut group was greater in 3- to 4-month-old animals
compared to foals at 0 to 1 and 1 to 2 m.

Escherichia-Shigella had a tendency (p = 0.07) to have
a greater PRA in 0 to 1 month-old foals, while the PRA
of Mogibacterium (p = 0.05) tended to be higher in foals
at 2 to 3 m compared to mares and animals at 0 to 1 and
1 to 2 m. Location was a significant factor on the PRA
of Lachnospiraceae XPB1014 group and Lachnospiraceae
AC2044 group (p< 0.01), where the PRAwas higher in an-
imals at Stud 1 than those at Stud 2. At the same time, Phas-
colarctobacterium had a tendency (p = 0.06) to be higher in
foals at Stud 3 than the other studs.

3.3 Effect of Age and Geographic Location on the Equine
Faecal Fungal Microbiota

Although significant, age at sampling had a smaller
effect on the faecal fungal microbiota (PERMANOVA: R2

= 0.08 p = 0.04) and there was a larger effect of geographic
location (PERMANOVA: R2 = 0.11; p < 0.01) (Fig. 4).
Surprisingly, all of the 15 most relatively abundant fun-
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Fig. 1. The 15 most relatively abundant archaeal and bacterial genera in the equine faecal microbiota by age at sampling and
geographic location.

Fig. 2. The 15most relatively abundant fungal species in the equine faecal microbiota by age at sampling and geographic location.

gal species were environmental microfungi (Fig. 2). There
were no effects of location, age or location× age interaction
on the PRA of the species Ascochyta medicaginicola var.
macrospora (p = 0.67; p = 0.73; p = 0.86), Corynascella
inquinata (p = 0.91; p = 0.66; p = 0.99), Humicola olivacea
(p = 0.42; p = 0.34; p = 0.83), Naganishia adeliensis (p =
0.88; p = 0.15; p = 0.73), Naganishia albida (p = 0.88; p
= 0.39; p = 0.85), Nigrospora oryzae (p = 0.71; p = 0.30;
p = 0.92), Parastagonospora phoenicicola (p = 0.57; p =
077; p = 0.83), Podospora decipiens (p = 0.93; p = 0.36; p
= 0.95) Saitozyma flava (p = 0.94; p = 0.71; p = 0.99) and

Trichobolus zukalii (p = 0.38; p = 0.31; p = 0.67). There
was an effect of location on Preussia africana (p = 0.02),
where the PRA was lower in foals at Stud 3 compared to
Stud 5 and Stud 2. The PRA of Gibberella intricans tended
to be greater in animals at Stud 2 than those at Stud 1 (p
= 0.07). There was a location × age interaction for fungal
species Preussia persica (p< 0.01), Acremonium furcatum
(p = 0.04), and Podospora pseudocomata (p = 0.01). The
relative abundance of P. persica in foals on Stud 2 increased
to become like the adult mares by 3 to 4 m. A similar pat-
tern was seen in foals at Stud 3, where the PRA was greater
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Table 1. Faecal archaeal and bacterial diversity (inverse Simpson’s and Shannon diversity indices) and richness (Operational
Taxonomic Units, number of OTUs) at different ages.

Age p-value

0 to 1 1 to 2 2 to 3 3 to 4 4 to 5 Mare SEM Location Age Location × Age

OTUs 300.4c 394.5bc 503.5ab 575.7a . 619.3a 50.03 0.17 <0.01 0.88
Shannon 4.0c 4.7b 5.2ab 5.4a . 5.6a 0.23 0.66 <0.01 0.99
Inverse Simpson’s 46.3c 44.3c 94.1b 123.3ab . 143.1a 17.40 0.26 <0.01 0.35

Fig. 3. Non-metric multidimensional scaling (NMDS) of the
Bray-Curtis dissimilarities for the equine archaeal and bacte-
ria faecal microbiota by age at sampling and geographic loca-
tion.

(p < 0.01) in 4 to 5 m foals and the mares, compared to all
other ages. There was no clear effect of foal age on the PRA
of P. persica at Stud 1, with the species spiking in 0 to 1 m
and 2 to 3 m old foals and the mares. Stud 5 saw a peak in
the relative abundance of P. persica in 3 to 4 m foals only.
The relative abundance of A. furcatum remained higher in
the mares of Stud 4 and Stud 5 compared to their respective
foals. There were no differences in the PRA of A. furca-
tum at the remaining locations. The relative abundance of
P. pseudocomata was greater in Stud 2 and Stud 3 animals
than Stud 1 and Stud 5. Foals sampled at 4 to 5 m at Stud 3
had a greater relative abundance of P. pseudocomata than
at Stud 2 and Stud 1, respectively, while the fungal species
was also more prevalent in mares at Stud 4 than at Stud 1,
Stud 5 and Stud 3. The relative abundance of P. pseudo-
comata remained similar across foals at all locations until
the 4 to 5 m sampling point, at which foals at Stud 2 had a
higher relative abundance of P. pseudocomata than at 0 to
1 and 1 to 2 m. Mares at Stud 4 had a greater PRA of P.
pseudocomata than the foals at all sampling ages, and Stud
3 saw a spike in the fungal species in 4 to 5 m foals.

4. Discussion

This study has reported the identity and PRA of both
fungal and bacterial microbial taxa present at each stage of
foal maturation (0 to 5 months). The increase in bacterial
diversity as foals aged most likely coincides with increased

Fig. 4. Non-metric multidimensional scaling (NMDS) of the
Bray-Curtis dissimilarities for the equine fungal faecal micro-
biota by age at sampling and geographic location.

environmental exposure through changing diets and inter-
action with other animals. Costa et al. [16] reported that
there are often statistically higher abundances of bacterial
genera in young foals than in adult mares, with many be-
longing to the Firmicutes phylum, as seen in the current
study. Dramatic and dynamic shifts in the bacterial micro-
biota have also been observed in newborn humans, puppies,
and calves [42–44]. Perinatal exposure tomicrobial ecosys-
tems of the meconium, amniotic fluid, and faeces aid in es-
tablishing the foal’s internal colonisation prior to birth [45].
The sudden post-partum exposure to environmental organ-
isms, the mother’s own microbiota, and colostrum are all
reflected in the increasing bacterial diversity and richness
seen in young foals. Previous studies characterising the
equine microbiome identified similar predominant phyla to
those seen in the current investigation, including Firmi-
cutes, Bacteroidetes, Verrucomicrobia and Proteobacteria
[16,19,20,46].

The identified fluctuations in the most relatively abun-
dant bacterial and archaeal genera as the foal aged likely
correlates with their metabolic function. Trends were seen
in fibrolytic taxa such as Lachnospriaceae spp., where their
PRA increased once foals surpassed 0 to 1 months old.
Species within this family are drivers of key metabolic
transformations such as reductive acetogenesis and lactate
conversion. In addition, many members of the Lachnospri-
aceae are major butyrate-producers [47]. This would aid
in substantiating the large energy demand for the growth
foals experience during birth to weaning as they begin
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to graze and ingest carbohydrates. The Phascolarctobac-
terium genus also showed a positive relationship with age.
Species within this genus are known to generate short-
chain fatty acids such as acetate and propionate [48], likely
contributing to energy utilisation and storage. In humans,
the abundance of bacteria in the Christensenellaceae and
Rikenellaceae families has been associated with reduced
adipose tissue [49]. Their increase in PRA seen in 4 to 5
m old foals may contribute to the diversion of energy for
fat and growth as foals prepare for weaning.

With few exceptions, samples from adult mares tended
to cluster together, as did samples from foals in each age
category, regardless of geographical location. A similar
trend was identified by Costa et al. [16]. Although there
was minor variation between individuals, the current study
saw a general tendency for most bacterial and archaeal
populations to stabilise in foals by 3 to 4 months of age.
However, there are discrepancies in published observations
where stabilisation timelines range from just 30 days [17]
to six weeks [50] and 50 to 60 days post-partum [16,51].
Variances in analytical methods and study design compli-
cate the comparison of research groups. However, despite
differences in findings, all studies agree that microbial re-
configuration occurs prior to weaning, corresponding with
the introduction of plant fibre and solid feeds [18].

Limited studies have investigated microbial colonisa-
tion of foals from birth to weaning. Fewer still have con-
sidered fungal populations despite their critical role in di-
gestive maturation and dietary transitions [52]. Although a
study has been done to determine the effect of colostrum
replacer on the foal microbiome, the small sample size
and limited analysis provided little explanation [53]. Stud-
ies of the murine mycobiome have shown fungal popula-
tions display radical episodic variation over an animal’s
lifetime while bacterial communities remain relatively sta-
ble [54]. Despite its superior fibrolytic activity, fungi ac-
count for only 8% of the rumen microbial biomass, which
is thought to be due to their slower generation time than bac-
teria [55]. It is likely that a similar circumstance occurs in
the hindgut of horses and may explain why such low PRAs
were recorded in the current study.

Interestingly, age at sampling had a greater effect on
the PRA of certain archaeal and bacterial genera than ge-
ographical location, yet the reverse was found for fungal
species. As the 15 most relatively abundant fungal species
isolated from faecal samples were environmental micro-
fungi, it is not surprising that there were multiple age ×
location interactions. Namely, Preussia persica, Acremo-
nium furcatum and Podospora pseudocomata. As a known
dung-inhabitant, the increase of P. persica as foals aged at
Stud 2, Stud 3 and Stud 4 likely corresponds with a gradual
rise in grazing and exposure to faecal debris [56]. A similar
trend was seen with A. furcatum where its PRA increased
in older foals at Stud 4 and Stud 5, likely explained by the
species’ familiar presence in soil and on plant material [57].

The spike in P. pseudocomata seen in 4 to 5 m foals at Stud
3 may have been due to the intake of a contaminated feed
source as it is a known inhabitant of soil and herbivore dung
[58].

The primary DNA barcode for eukaryotes like fungi
is the ITS1 region between the 18S rRNA and 5.8S rRNA
genes [59]. The authors chose to use ITS1 primers like
those used in McGorum et al. [60], who collected post-
mortem samples from the gastrointestinal tract of 54 horses
with equine grass sickness and faecal samples from con-
trol horses. Results seen in McGorum et al. [60] are
somewhat comparable to the current study, finding Acremo-
nium, Preussia and Naganishia fungal species to be among
the most dominant. However, it is unknown why Neocal-
limastigomycota species or other anaerobic fungal phyla
known to colonise the alimentary tract of mammalian her-
bivores and hindgut fermenters were not detected in faecal
samples analysed in the current study [24,52,61–66]. As
this is a preliminary study of the foal mycobiome, it may be
that anaerobic fungi, such as Neocallimastigomycota, were
present but at less abundant or undetectable levels.

Previous studies of the equine mycobiome have taken
place in various geographical locations worldwide. Ed-
wards et al. [23] collected faecal samples from mature
ponies in the Netherlands fed haylage and straw, while Ed-
wards et al. [22] sampled ponies from Concord, MA USA,
across September and October that were provided predom-
inantly pasture. Additionally, Mura et al. [15] sampled
hindgut segments of a 24-year old Anglo-Arabian gelded
male fed a mixed diet. Differences in pasture grass species,
the area of forage being grazed, and the season duringwhich
the horseswere sampled (summer vswinter pasture species)
may influence the extent of a horse’s exposure to certain
fungal organisms. It may be possible that the Australian
Thoroughbreds sampled for this study may not have been
exposed to high abundances of Neocallimastigomycota.

Multiple publications investigating the equine myco-
biome have used at least one primer specific for the anaer-
obic phylum Neocallimastigomycota [15,22,23,67] or em-
ployed anaerobic cultures [24]. This likely explains their re-
portedly high abundances compared to this study. It is pos-
sible that the type of samples collected in the current study
did not offer the most accurate representation of the inter-
nal microbiome. However, a previous publication found
cultured Neocallimastix spp. in high proportions in the left
ventral colon (81%) and the rectum (75.5%), indicating that
faecal samples are still viable as a qualitative reference sam-
ple [15]. Although, it is important to note that the same
study used a Neocallimastigomycota specific 5.8S rRNA
gene reverse primer.

Although there are discrepancies between this study’s
results and previous literature, the authors are confident that
the observations made here are accurate. The primary lim-
itation of this study is the surprising abundance of aero-
bic species found, as the authors expected predominantly
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anaerobic organisms given the low-oxygen environment of
the caecum. Potentially, the fungal PRA results may not
truly reflect the faecal mycobiome but, in this case, may
represent the highly abundant food-source species that sur-
vive the hindgut digestive processes, or environmental con-
tamination. Similarly, a 2016 study sequenced the ITS1 re-
gion to identify over 90 fungal taxa within the human GIT
and detected sequences belonging to edible fungi [68]. This
suggests dietary fungal intake may be a confounding effect
in mycobiota investigations [68]. Further, there is no ex-
haustive reference base for annotated fungal sequences as
there is for bacteria [69,70], making the establishment of
definitions for ‘normal’ fungal diversity much more diffi-
cult. Future studies may need to undertake culture-based
analysis to discern mycobiome phenotypes not resolved by
sequencing, particularly as current databases overestimate
the abundance of culturable sequences.

5. Conclusions
This study found that the microbial community within

the foal hindgut stabilises by three to four months of age.
As hypothesised, bacterial and archaeal genera identified
in faecal samples belonged mainly to the Firmicutes phy-
lum with several genera unique to 0–1-month-old animals.
The colonisation of the equine hindgut and microbial com-
position corresponds to the introduction of plant fibre and
solid feeds. This relates to the increase in the PRA of fi-
brolytic taxa, such as Lachnospriaceae, observed as foals
surpassed 0 to 1 months old. Similarly there was a simul-
taneous steady increase in members of the Phascolarcto-
bacterium genus, which are known for their role in feed
conversion and VFA production. The age at sampling had
significantly more influence over the archaeal and bacte-
rial faecal microbiota than the effect of geographical loca-
tion. However, the opposite was found for fungal species,
more strongly affected by where the horse was sampled.
Although, it is of note that the 15 most relatively abundant
fungal species were environmental saprophytes. Therefore,
it was more difficult to establish the relevance of these
fungi as hindgut colonizers. Instead, authors conclude that
environmental and dietary fungi can survive the digestive
process and maintain relatively high abundances that may
have outcompeted recognised ‘core’ anaerobic phyla such
as Neocallimastigomycota.
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